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CHAPTER 1

INTRODUCTION

1.1 Introduction

Chronic disease prevention is an important public health issue for developed
countries. Factors such as an aging population and increasing health care costs highlight
the need for chronic disease prevention in the developed world. Nutritional therapies such
as functional foods and dietary supplements represent one approach towards the
prevention of chronic disease (Heurtault, Saulnier, Pech, Proust, & Benoit, 2003; Eussen,
et al., 2011). Although there are many definitions of functional foods, one common
theme is that functional foods may provide health benefits “beyond basic nutrition”
(Henry, 2010). These health benefits are usually associated with the incorporation of one
or more bioactive compounds (Eussen, et al., 2011). Most bioactive compounds fall
under one of three classifications, namely lipids, proteins, or carbohydrates. Of these
three categories, lipophilic bioactives pose several challenges regarding their
incorporation into foods. In particular, these hydrophobic compounds are difficult to
incorporate into aqueous foods, and they are often highly susceptible to oxidative
deterioration (McClements, Decker, & Park, 2009a; de Vos, Faas, Spasojevic, &
Sikkema, 2010). Thus, there is a great need to develop food grade delivery systems that
can be used to encapsulate and protect lipophilic bioactives.

Food grade delivery systems for lipophilic bioactives must possess a number of
important attributes. One essential quality of these systems is that they are compatible
with both the lipophilic bioactive as well as the product that they will be incorporated

into to create a functional food or beverage. Other desirable attributes may include
1



enhanced stability or controlled release of the desired lipophilic bioactive. For these
reasons, emulsion-based delivery systems are especially well suited for creating delivery
systems for bioactive lipids (McClements, Decker, & Weiss, 2007) .

Conventional oil-in-water (O/W) emulsions are the most common type of
emulsion-based delivery systems. The popularity of O/W emulsion-based delivery
systems can be attributed to their low production costs and to their ease of manufacture.
Despite these advantages, conventional emulsion-based delivery systems have limited
potential in terms of their ability for bioactive protection and controlled bioactive release.
Thus, more sophisticated emulsion-based delivery systems such as filled hydrogel
particles may be appropriate for certain applications where chemical stability or bioactive
release is critical (McClements, Decker, Park, & Weiss 2009b; McClements, et al.,
2007).

Hydrogel particles can broadly be defined as hydrophilic gelled particles formed
from biopolymers such as polysaccharides and proteins. Filled hydrogel particles are
hydrogel particles where emulsified oil has been incorporated inside the particle prior to
gelation such that these droplets become encapsulated inside the hydrogel matrix. Thus,
these particles can be thought of as a type of oil-in-water-in-water emulsion (O/W1/W5)
(McClements, et al., 2007). There are a number of techniques to form hydrogel particles.
Most of these techniques are based on either the breakup of a continuous gel matrix to
form discrete hydrogel particles or the formation of dispersed droplets that are then gelled
by the addition of a gelling agent (Burey, Bhsndari, Howes, & Gidley, 2008).

As stated previously, it may be possible to create food grade delivery systems

with enhanced stability, targeted release, or improved bioaccessibility using sophisticated



emulsion-based systems. Filled hydrogel particles are one example of this type of
delivery system as these particles can be fabricated from food grade proteins,
polysaccharides, and lipids. Thus, the overall objective of this work is to develop a
method for fabricating filled hydrogel particles and to examine the chemical and physical

properties of this novel delivery system.

1.2 Objectives

The overall goal of this project is to encapsulate beneficial lipophilic food
constituents inside a novel delivery system composed of proteins and polysaccharides
known as filled hydrogel particles. Following fabrication, this system will be evaluated
for its physical properties, its chemical and environmental stability, and its
bioaccessibility.

Specific Project Objectives:

1. Fabrication and Characterization of Filled Hydrogel Particles: Mixtures of
proteins and polysaccharides that exhibit thermodynamic incompatibility will be used to
construct a two phase system consisting of a protein-rich phase and a polysaccharide-rich
phase. Upon mixing, this system will form a water-in-water emulsion. Once this protein
and polysaccharide mixture is identified and characterized, emulsified oil will be
incorporated into this system, and upon mixing, this system should form an oil-in-water-
in-water emulsion. To trap this structure, a gelling agent such as an enzyme or a chemical

will be added to form stable particles.

2. Influence of Environmental Stress on Filled Hydrogel Particle Stability:

Following fabrication, it is essential that these particles are evaluated under various

3



environmental stresses such as oxygen and salt as well as various temperature and pH
ranges. It is essential that these particles are evaluated against conventional oil-in-water
emulsions for their susceptibility to lipid oxidation since enhanced stability against
oxidation was one of the main justifications for developing this system. These particles
will also need to be evaluated for their stability to high salt and high acid conditions,

especially those conditions commonly seen in foods.

3. Influence of Lipid Encapsulation within Filled Hydrogel Particles on Lipid
Digestion: To create a successful delivery systems for foods, it is important that the
bioactive targeted for delivery can be digested by the human body. For this reason, an in-
vitro model for lipid digestion will be used to assess the bioavailability of the lipid
encapsulated within these particles.

4. Optimization of the Fabrication and Performance of Filled Hydrogel
Particles: As with any process, it is essential that the method to fabricate filled hydrogel
particles is both simple and efficient. In an effort to optimize this process, experiments
will be conducted to reduce the number of processing steps associated with particle
fabrication and to increase the lipid loading capacity of these particles. Additionally,
studies will be conducted on the fabrication of particles that resist gravitation separation

during storage (i.e. density matched particles).



CHAPTER 2

LITERATURE REVIEW

2.1 Emulsion-Based Delivery Systems for Lipiophilic Bioactives

There is a great need in the food industry to develop novel delivery systems for
bioactive compounds. Many of these beneficial constituents such as m-3 fatty acids,
carotenoids, fat-soluble vitamins, and phytosterols are lipophilic, making the
incorporation of these compounds into aqueous foods and beverages challenging. In
addition to incorporation problems, many of these lipophilic compounds are chemically
unstable and tend to degrade during storage when incorporated into foods (McClements,
et al., 2007; Belitz, Grosch, & Schieberle, 2009a). Traditionally, oil-in-water emulsion
(O/W) which consist of small oil droplets dispersed in a continuous watery phase have
been used by the food industry to incorporate lipids into aqueous foods and beverages.
There are, however, other possible emulsion-based delivery systems for these compounds
including multilayer (Om/W), water-in-oil-in-water (W/O/W), oil-in-water-in-water
(O/W/W) emulsions (McClements, et al., 2007; McClements, 2005). Depending on the
application, these novel delivery systems may have significant advantages over

conventional O/W emulsions such as enhanced stability or controlled bioactive release.

2.2 Biopolymer Phase Separation
When a biopolymer system consisting of two biopolymers and a solvent are

mixed together, there are three possible outcomes: miscibility, association or segregation
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Figure 2.1: Possible outcomes of mixing a ternary biopolymer system consisting of
biopolymer A, biopolymer B, and a solvent

(Syrbe, Bauer, & Klostermeyer, et al., 1998; de Kruif & Tuinier, 2001) (Figure 2.1). For
miscibility to occur, interactions between different biopolymer molecules must be the
same as interactions between identical molecules, that is another molecule of itself.
Miscibility is typically quite uncommon for high molecular biopolymer mixtures as slight
charges on subunits repeated many times across the length of the biopolymer chain result
in significant attractive or repulsive forces that prevent spontaneous mixing(Syrbe, et al.,
1998).

Association tends to occur when there is a sufficiently strong attraction between
biopolymer molecules, e.g., an electrostatic attraction between oppositely charged
biopolymers (Tolstoguzov, 2003). Biopolymer association leads to the formation of a
two phase system consisting of one aqueous phase rich in both biopolymers, and another
aqueous phase depleted in both biopolymers. Segregation tends to occur when there is a
net repulsion between biopolymer molecules, which is usually the result of an entropy of

mixing (excluded volume) effect (de Kruif & Tuinier, 2001; Grinberg & Tolstoguzov,



1997). If left undisturbed, ternary biopolymer systems experiencing segregation will,
over time, separate into two distinct phases (Norton & Frith, 2001). Each of these phases
will consist of high amounts of one biopolymer along with small amounts of the other

biopolymer (Syrbe, et al., 1998; de Kruif & Tuinier et al., 2001; Norton & Frith, 2001).

2.2.1 Basis for Phase Separation

The change in free energy associated with the mixing of two biopolymers in a
solvent can generally be described by the following Gibbs free energy equation
(Equation 2.1):

AGu=AEwm~T AS. (2.1)
In Equation 1, AGpix is the change in free energy due to mixing, AEnix IS the change in
molecular interaction energy due to mixing, T is temperature, and ASpix IS the change in
entropy due to mixing. Based on this equation, one would predict that the two
biopolymers would phase separate when AGnix is highly positive but remain miscible
(mixed) when AGpix is highly negative. Although this equation is a simplistic view of the
thermodynamics of mixing, it does highlight the importance of molecular interactions,
mixing entropy, and temperature in determining whether two biopolymer will mix or
phase separate (McClements, 2005).

For an extremely dilute solution of biopolymers, the entropic gains of the mixed
state are able to overcome any unfavorable molecular interactions between biopolymers.
At high concentrations of biopolymers, separation can proceed by two different
mechanisms depending on the structural similarities of the two biopolymers. For

expanded biopolymers of similar structures, separation is attributed to unfavorable



interactions between polymer segments. In the case of polymers with dissimilar size and
shape, it is the loss in conformational entropy at the interface of two dissimilar
biopolymers that drives separation (de Kruif & Tuinier, 2001). In general, most
macromolecules in mixed solution prefer to be surrounded by macromolecules identical
to themselves (Norton & Frith, 2001; Tolstoguzov, 2003). Temperature is another
parameter that can influence the mixing behavior of biopolymers. Lowering the
temperature of a mixed biopolymer solution tends to encourage phase separation as many
biopolymers at lower temperatures interact with themselves to form ordered structures
(Norton & Frith, 2001). Conversely, increasing the temperature tends to encourage

solubility and mixing (de Kruif & Tuinier, 2001).

2.2.2 Phase Composition and the Phase Diagram

As mentioned previously, biopolymer phase separation leads to the formation of
two distinct phases where each phase is rich in one biopolymer and poor in the other
biopolymer. To model the behavior and composition of biopolymer mixtures in solution,
a phase diagram such as the one shown in Figure 2.2 can be used. On the x and y axes are
the percent concentrations of each biopolymer (typically a protein and a polysaccharide).
The binodal curve located on the diagram separates it into two regions. All mixtures of
protein and polysaccharide at concentrations to the left of the binodal are miscible while
mixtures at concentrations to the right of the binodal will phase separate. In addition to
delineating the phase diagram into regions of compatibility and incompatibility, the phase
after separation. A tie line can be thought of as a connecting line between the overall

composition of the biopolymer mixture prior to separation and the biopolymer



~— Spinodal

% polysaccharide (wt/wt)

% protein (wt/wt)

Figure 2.2: Typical phase diagram for a mixture of a protein and polysaccharide

concentration in each phase after separation. All mixtures of biopolymers that lie on the
same tie line will separate into phases with the same concentration of each biopolymer.
The relative volumes of each phase, however, will be different as this is calculated as the
distance of the tie line from the overall composition of the mixture to the opposite phase
binodal divided by the total length of the tie line.

In addition to the binodal, there is also the spinodal curve. The spinodal curve
separates biopolymer mixtures that phase separate (mixtures to the right of the binodal

curve) into two classification according to their mode of phase separation. Mixtures



located between the spinodal and the binodal will phase separate by way of a nucleation
mechanism, a process that can take an extremely long time. Thus, mixture located
between this region may not show phase separation during normal experimental time
scales. Mixtures located to the right of the spinodal phase will spontaneously phase
separate, and thus, these mixtures will rapidly phase separate. As the phase diagram
clearly illustrates, the binodal curve remains close to the x and y axis, reaffirming the fact

that each phase consists mostly of only one biopolymer (Frith, 2010).

2.2.3 Water-in-Water Emulsions

When a phase separated system is mixed together, it tends to form a water-in-
water (W/W) emulsion where each biopolymer phase forms either the dispersed or
continuous phase. Typically, the phase that occupies the greater volume will become the
continuous phase while the phase that occupies less volume will become the dispersed
phase (Norton & Frith, 2001; Tolstoguzov, 2003). Water-in-water emulsions are unstable
systems. If a water-in-water emulsion is left undisturbed, the dispersed phase of W/W
emulsion will begin to ripen, coalesce, and over time, completely separate from the
continuous phase (Norton & Frith, 2001).

The interfacial tension of W/W emulsions is quite low, usually three to four
orders of magnitude below conventional oil-in-water and water-in-oil emulsions (Norton
& Frith, 2001; Erni, Cramer, Marti, Windhab, & Fischer, 2009). The low interfacial
tension of W/W emulsions can be attributed to the highly similar composition of the
dispersed and continuous phases as both phases are mostly water along with proteins and
polysaccharides that are soluble in either phases. Because of the low interfacial tension of

W/W emulsions, even mild shear forces can result in substantial deformation and break
10



up of droplets of the dispersed phase (Tolstoguzov, 2002). As a result of shearing,
various anisotropic structures including elliptical shaped droplets and even thread-like
structures can be formed (Erni, et al., 2009). Upon the removal of shear flow, surface
instabilities will have a tendency to break up these elongated structures into smaller
droplets (Mewis, Yang, Van Puyvelde, Moldenaers, & Walker, 1998). Since the time
scale for the growth of these instabilities is dependent on the interfacial tension of the
system among other parameters, the time required for these structures to break up can be
much longer compared to systems with relatively high interfacial tension (Erni, et al.,
2009). If the unique structure of these particles is trapped by gelling the dispersed phase
of a W/W emulsion, the rheological properties of the entire system can be dramatically
altered. For example, Marti, Hofler, Fischer, & Windhab (2005) demonstrated that in
concentrated suspensions the partial replacement of spherical particles with fiber-like

particles resulted in a large increase in the viscosity of the system.

2.3 Filled Hydrogel Particles

A hydrogel can broadly be defined as a water-swollen matrix formed by cross-
linked hydrophilic polymers. Hydrogels can hold large quantities of water while still
maintaining structural integrity. Although synthetic polymers are often used to create
hydrogels for pharmaceutical and biomedical applications, most of these polymers are not
allowed in foods and beverages (Chen, Remondetto, & Subirade, 2006). In place of
synthetic polymers, polysaccharides and some food proteins can be used to create food
grade hydrogels. Using one of the processing methods discussed below, proteins,
polysaccharides, or a mixture of both proteins and polysaccharides can be used to form

discrete hydrogel particles. Filled hydrogel particles as shown in Figure 2.3 are hydrogel
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particles where emulsified oil has been incorporated inside the particle prior to gelation
such that these droplets become encapsulated inside the hydrogel matrix. Typically, these
particles are formed from biopolymers that are capable of both phase separation and

hydrogel particle formation (Burey, et al., 2008; McClements, 2010a).
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Figure 2.3: Picture of a typical filled hydrogel particle consisting of a lipid droplets
surrounded by a biopolymer matrix

There are a number of techniques to form hydrogel particles. Most of these
techniques are based on either the breakup of a continuous gel matrix to form discrete
hydrogel particles or the formation of dispersed droplets that are then gelled by a specific
mechanism such as a change in temperature (heat or cold gelation) or the addition of an
enzyme or ions such as calcium (Burey, et al., 2008; McClements, 2010a). According to
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McClements (2010a), the main methods for creating filled hydrogel particles are as
follows: macroscopic gel disruption, simple coacervation, injection, and emulsion

methods.

2.3.1 Macroscopic Gel Disruption Method

Macroscopic gel disruption involves the formation of a continuous gel network
that is subsequently broken up by the application of force such as shear (McClements,
2010a). This method is commonly executed by bring a hydrocolloid solution close to
gelation and then applying shear to break the gel into discrete particles before a cohesive
gel has formed (Burey, et al., 2008). To create filled hydrogel particles, a filled

macroscopic gel would be formed prior to break up (McClements, 2010a).

2.3.2 Simple Coacervation Method

Coacervation is the separation of a colloidal liquid system into two phases, a
phase rich in colloid particles along with a phase rich in the equilibrium solution
(de Kruif, Weinbreck, & de Vries, 2004). Unlike complex coacervation which involves
the interaction between two biopolymers, simple coacervation involves the self-
association and subsequent separation of one biopolymer into the colloid-rich phase of
the system (Madene, Jacquot, M., Scher, J., & Desobry, 2006; Burey, et al., 2008). To
promote self-association, environmental conditions such as ionic strength, temperature, or
dielectric constant are adjusted as these changes impact solvent quality. To create filled
hydrogel particles by this method, lipid droplets would be incorporated into the

biopolymer system prior to adjusting solution conditions. Once solution conditions are
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adjusted, the newly formed filled hydrogel particles may require an additional treatment
to gel their final structure (McClements, Decker, Park, & Weiss, 2008; McClements,

2010a).

2.3.3 Injection Method

The injection method relies on the use of an aqueous bath that is capable of
gelling a specific biopolymer. In this method, small droplets of a biopolymer solution are
introduced into this aqueous bath where they quickly gel into discrete biopolymer
particles (McClements, 2010a). The way in which the droplets are injected into the bath
can have a major impact on final particle size. Particles formed by syringe needles are
typically quite large with a size range of 0.5-6 mm while atomization of the biopolymer
solution into the aqueous gelation bath can produce smaller particles with an approximate
size of several hundred microns (Burey, et al., 2008). To form filled hydrogel particles,
lipid droplets would be incorporated into the biopolymer mixture prior to its addition to

the gelling bath (McClements, 2010a).

2.3.4 Emulsion Methods

Among the four major techniques for forming filled hydrogel particles, emulsion-
based methods are probably the most versatile and practical for producing small (micron-
sized) particles. One way to form particles using this method is to create an oil-in-water-
in-oil (O/W/O) emulsion where the inner oil phase contains the bioactive component, the
water phase contains a biopolymer capable of gelation, and the outer oil phase acts as a
lipophilic solvent. To form this multiple emulsion, an emulsified oil-in-water (O/W)

emulsion is homogenized into a separate oil phase that also contains a lipophilic
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emulsifier. Next, the biopolymer located inside the water phase of the multiple emulsion
is gelled by enzymatic, thermal, or chemical treatments (McClements, et al., 2007;
McClements, 2010a). Factors such as the viscosity of the outer oil phase, the type of
lipophilic surfactant used, and the mixing/emulsification conditions for the incorporation
of the initial O/W emulsion into the outer oil phase can have a major impact on the final
size of these biopolymer particles. Depending on these conditions, the size of these
particles can vary significantly from nanometers to millimeters. Following the formation
of these biopolymer particles, the outer phase of oil can be removed by a combination of
washing and filtration (Reis, Neufeld, Vilela, Ribeiro, & Veiga, 2006). The process of
separating the outer oil phase from the newly formed biopolymer particles is a major
drawback to this method as this process can be difficult and messy. Moreover, this step
adds to the complexity of this method (Burey, et al., 2008).

Another emulsion-based method for forming filled hydrogel particles involves the
entrapment of emulsified oil inside biopolymer coacervates (McClements, 2010).
Complex coacervation involves the separation of a solution composed of at least two
macromolecules into two immiscible phases, a phase rich in both macromolecules and
another phase consisting of the equilibrium solution. The two macromolecules involved
in complex coacervation are usually oppositely charged and often consist of a protein and
an anionic polysaccharide. Depending on the strength of the interaction between the two
oppositely charged macromolecules, either coacervation or precipitation may occur.

Precipitation typically occurs when strong polyelectrolytes (polymers with a high charge

15



density such as sulfated carrageenan) interact (de Kruif et al., 2004). Precipitates are
fairly dense complexes that tend to separate from solution as a solid (Cooper, Dubin,&
Kayitmazer, 2005).

Unlike precipitates, coacervates tend to form between weak polyelectrolytes as
interactions between these macromolecules are short range, soft attractions (de Kruif et
al., 2004). Coacervates are less dense than solid precipitates but more dense and less
hydrated than soluble complexes. In general, coacervates are composed of 20-30%
protein and polymer. Compared to precipitates, coacervates tend to have a more regular
structure and are less prone to aggregation and sedimentation. For these reasons,
coacervation is usually preferred over precipitation for encapsulation (McClements, et al.,
2007; McClements, 2010a). To encapsulate oil inside coacervates and form filled
hydrogel particles, first the oil is dispersed into a solution of two polyelectrolyte that are
capable of forming coacervates. Solution conditions are then adjusted such that
coacervation is favored, and the dispersed oil is encapsulated inside the newly formed
complexes. Maximum encapsulation typically occurs when the pH of the solution is
adjusted such that maximum coacervation is achieved (Cooper et al., 2005). Coacervates
often dissociate and break up when solution conditions such as the pH or ionic strength
are adjusted; coacervates are also susceptible to coalescence. To improve the stability of
coacervates used for encapsulation, one or both of the polyelectrolytes present in the
coacervates can be cross-linked by chemical, enzymatic, or thermal treatements (Cooper
et al., 2005; McClements, et al., 2007; McClements, 2010a).

The incorporation of emulsified oil into the dispersed phase (W;) of a water-in-

water (W1/W;) emulsion is yet another emulsion-based method for forming filled
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hydrogel particles. As discussed in previous sections, two biopolymers will tend to phase
separate when both macromolecules are present at sufficient concentrations and forces
between the two biopolymers are repulsive. In general, these forces tend to be the result
of either electrostatic repulsion or steric exclusion (McClements, 2010a). When a
biopolymer mixture that experiences phase separation is mixed together, this mixture will
form a water-in-water emulsion consisting of droplets of an aqueous immiscible phase
with a certain biopolymer composition dispersed in a continuous aqueous phase with a
different biopolymer composition (Tolstoguzov, 2003). Incorporating emulsified oil into
the dispersed phase of a W/W emulsion can occur by one of two ways. Either emulsified
oil can be mixed with a biopolymer mixture prior to phase separation, or the O/W
emulsion can be incorporated into the dispersed phase of a phase separated biopolymer
mixture and then this mixture is introduced to the continuous phase to form an O/W/W
emulsion (McClements, et al., 2007; McClements, 2010a).

As discussed previously, W/W emulsions are unstable systems that over time will
separate into two phases, a dispersed phase and a continuous phase (Norton & Frith,
2001). To halt this separation process and preserve the structure of the O/W/W emulsion,
solution conditions can be adjusted such that one of the two aqueous phases of the W/W
emulsion forms a gel (McClements, et al., 2007; McClements, 2010a). For example, an
O/W/W emulsion that contained a biopolymer capable of cold-set gelation could be
gelled by reducing the temperature of mixture. In another case, the O/W/W emulsion
could be gelled by the addition of ions if the emulsion contained a biopolymer capable of

ionotropic gelation.
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2.3.5 Gelation Methods

To trap the structure of filled hydrogel particles, a number of different gelation
methods can be used. Gelation can proceed by one of two ways, either by forming
chemical or physical gels. Chemical gels are formed by covalent interactions between
polymers while physical gels, the most common form of gels in food, are formed by
physical interactions between polymers. Both proteins and polysaccharides are capable
of gelation although the gelation mechanism and properties of these two types of gels are

often quite different (Renard, van de Velde, & Visschers, 2006).

2.3.5.1 Protein Gelation

In the case of food proteins, globular protein gels are probably the most common
form of food protein gels. These gels are usually formed by heating globular proteins
which causes them to unfold followed by the association and aggregation of the
denatured protein to form a gel. The addition of certain ions such as calcium from various
salts with or without heating can also cause protein gels to form. These ions help to shield
the electrostatic repulsive forces present in the system, and thus, protein-protein
associations can occur and a gel can form. Acids are another way to gel food proteins.
The addition of acid will promote protein denaturation which will in turn encourage
gelation (Totosaus, Montejano, Salazar, & Guerrero, 2002).

With the recent advances in enzyme technology, enzymes designed to gel proteins
such as the enzyme transglutaminase are now readily available for commercial use.
Enzymatic protein gelation involves the formation of chemical cross-links between
protein chains to form a gel. The most popular and widely available enzyme for protein

gelation is the enzyme transglutaminase (Protein-Glutamine:Amine-Glutamyl-
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transferase, E.C. 2.3.2.13). This enzyme is capable of forming inter- and intra-molecular
cross-links between the y-carboxy amide group on glutamine and the g-amino group on

lysine on proteins (Figure 2.4) (Ha & luchi, 2003).
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Figure 2.4: General mechanism for the acyl transfer reaction between the y-carboxy
amide group of glutamine and the e-amino group of lysine catalyzed by transglutaminase

Transglutaminase is a ubiquitous enzyme in nature as it has been found in
mammals, plants, fish, and bacteria (DeJong, et al., 2002). Although transglutaminase
can be isolated from mammalian blood and tissue, the commercial form of this enzyme is
derived from the bacteria Streptomyces mobaraensis. The microbial form is preferred
over the mammalian form as bacterial transglutaminase can be produced in large
quantities using industrial scale culturing methods. Another advantage of using bacterial

transglutaminase as opposed to mammalian transglutaminase is that calcium is required
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as co-factor for mammalian transglutaminase but not for bacterial transglutaminase.
Since the addition of calcium is known to cause changes in the texture and appearance of
some foods, it would be desirable to use transglutaminase derived from bacteria rather
than mammals (Dickinson, 1997a; Dube, Schafer, Neidhart, & Carle, 2007).

The ability of transglutaminase to cross-link a protein strongly depends on the
accessibility of the glutamine and lysine residues on the protein. For this reason, proteins
with flexible structures such as casein and gelatin are good substrates for cross-linking
with transglutaminase while proteins with more rigid structures such as native
a-lactalbumin are poor substrates for transglutaminase (DeJong & Koppelman, 2002).
Reaction conditions are also important for achieving sufficient protein cross-linking using
transglutaminase. In the case of transglutaminase sourced from Streptomyces
mobaraensis, the optimum pH and temperature for this enzyme is between pH 6-7 at
50°C although 90-100% of enzyme activity is retained from pH 5-9 (Dube, et al., 2007).
To inactivate transglutaminase, the most common method is thermal inactivation. This
enzyme can also be deactivated by adjusting pH outside of the range of high enzyme
activity or by adding certain chemical inhibitors such as N-ethylmaleimide (NEM)

(DeJong & Koppelman et al., 2002; Dube, et al., 2007).

2.3.5.2 Polysaccharide Gelation

With the exception of starch-based polysaccharides and cellulose derivates, most
gelling polysaccharides are composed of more than one type of sugar unit and are thus
heteropolysaccharides. The combination of multiple sugar units along with various side
chains for many polysaccharides means that gelation methods can vary widely among

different polysaccharides. Some of the most common gelation methods for
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polysaccharides include cold-setting gels and heat-setting gels (Morris, 2007). lonotropic
gelation is also another important gelling mechanism for polysaccharides (Burey, et al.,
2008).

In the case of cold-set polysaccharide gels, typically a hydrocolloid powder is
dissolved into hot or boil water and then the solution is cooled and allowed to gel (Burey,
et al., 2008). From a structural prospective, many of these polysaccharides in solution
form ordered helical structure that transition to less ordered coils upon heating. As the
solution is cooled, the helices reform and then aggregate to form a gel. Common
examples of this type of gel include gellan and agar (Morris, 2007). For some
polysaccharides such as iota or kappa carageenan, a combination of heating along with
the addition of monovalent cations such as potassium is required for gelation. In this case,
these cations act as bridges to connect and cross-link the helices formed during cooling to
promote gel formation (Oakenfull & Glicksman, 1987). The gelation of carrageenan, an
example of a polysaccharide that requires both heating/cooling and ion addition, is
depicted in the schematic diagram of the domain model of gelation in Figure 2.5.

Heat-set polysaccharide gels rely on the application of heat to gel. One of the best
examples of this type of gel is gelatinized starch. During the heating process, native
starch granules swell and release amylose, a linear biopolymer that is primarily
responsible for starch gelation. Following solubilization, the entanglement of amylose is
believed to be responsible for the formation of starch gels (Oakenfull & Glicksman,
1987). As is the case for most gels formed by heating, gelation occurs when the native
structure of the polysaccharide unfolds and forms an expanded gel network (Burey, et al.,

2008).
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Figure 2.5: Schematic diagram of the gelation of carrageenan according to the domain
model. Adapted from (Dea, 1989)

lonotropic gelation involves the use of ions to form a network gelled structure
from a polysaccharide. Often times, this type of gelation is associated with a negatively
charged polysaccharide interacting with a specific cation (Burey, et al., 2008). For many
of the polysaccharides that require specific ions to gel, network development is
associated with the aggregation of block structures between separate polymer chains. For
example in the case of the gelation of alginate and low-methoxy pectin by calcium salts,
the negatively charged side chains located on each polymer block can be neutralized by
positively charged cations such as calcium. This charge neutralization allows two or more
blocks to aggregate with the cations acting as a bridge between negatively charged
blocks. This type of gelation is commonly depicted as shown in Figure 2.6 and is known

as the “egg-box” model (Oakenfull & Glicksman, 1987).
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Table 5.1: Particle size diameter and zeta potential of tween stabilized emulsion, casein
stabilized emulsion, and cross-linked filled hydrogel particles (Results shown are of
samples from the first oxidation study. Similar results were observed for replicate study.)

Sample D 3,2 (um) D 4,3 (um) Zeta Potential
Tween Emulsion 0.15 0.22 -28.5
Casein Emulsion 0.16 0.25 -39.4
Filled Hydrogel

Microspheres 5.36 47.39 -29.2

size distributions and mean particle diameters, which suggests that their particle size was
mainly determined by the homogenization conditions, rather than emulsifier type. The
large size of the hydrogel microspheres can be attributed to the fact that they were formed
using relatively mild shearing conditions, rather than intense homogenization conditions

The overall scattering pattern of filled hydrogel particles will be the result of light
scattered from the hydrogel particles themselves as well as from the lipid droplets trapped
within them. For this reason, we also used optical microscopy to examine the
microstructure of the filled hydrogel microsphere suspensions. The microscopy images
of the microspheres, in combination with previous confocal microscopy images of similar
samples, suggested that the majority of the oil droplets were encapsulated within the
hydrogel microspheres (Figure 5.3).

Electrical charge (£-potential) measurements of the particles in the emulsions and
microsphere suspensions indicated that they were all negative at pH 7 (Table 5.1). The
casein stabilized-emulsion had a larger charge (more negative) than either the filled
hydrogel microspheres or the Tween 20 stabilized-emulsion. The electrical charge on

protein stabilized emulsions is strongly dependent on the pH of the system compared to
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the lower recovery of hydroperoxides from hydrogel microspheres compared to the
recovery from conventional emulsions, peroxide values for hydrogel samples were
increased by 15% as determined previously (see section 5.3.2.6) . Nevertheless, even
accounting for differences in recovery the amount of peroxides produced was still higher
from the casein emulsions than from the filled hydrogel microspheres. Both filled
hydrogel microspheres and casein emulsion samples exhibited similar trends in terms of
the onset, peak, and decline of hydroperoxides. The formation of propanal, a secondary
product of lipid oxidation, followed a trend similar to that of peroxide formation (Figure
5.5). Propanal levels increased sharply for the Tween 20 emulsion after 3 days of storage
while propanal levels only increased appreciably for the casein emulsions and filled

hydrogel microspheres after 9 days storage.

Figure 5.5: Concentration of secondary reaction products (proponal) formed during
storage at 55 °C detected in casein stabilized emulsions, Tween stabilized emulsions, and
filled hydrogel microspheres
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Based on our results, it is clear that the Tween 20 emulsion oxidized faster than
either the casein emulsion or the filled hydrogel microspheres. Food proteins such as
casein are known to have antioxidant properties including scavenging free radicals and
chelating pro-oxidant metals like iron (Elias, et al., 2008). In particular, casein contains
phosphoseryl residues that are capable of binding transition metals (Rival, et al., 2001;
Diaz, Dunn, McClements, & Decker, 2003). Thus, it would make sense that the system
not containing protein (i.e. the Tween 20 stabilized emulsion) would oxidize significantly
faster than systems that did contain protein. However, it is not clear what is the
predominant antioxidant mechanism of the casein in the two protein stabilized emulsions.
In both emulsions it be expected that any protein not absorbed to the emulsion droplet
surface or entrapped in microspheres would partition into the continuous phase. This
aqueous phase protein could bind transition metals and inhibit them from interacting with
the lipids in the emulsion droplets (Faraji, et al., 2004). However, in the microspheres,
there would be a greater amount of protein near the emulsion droplet and thus the
casein’s ability to scavenge free radicals could be more important. Although both casein
stabilized emulsions had similar oxidative stability, the mechanisms by which lipid
oxidation was inhibited could be different.

The fast rate of oxidation for the Tween 20 emulsion could be attributed in part to
the negative droplet charge of this emulsion at pH 7. Previous work conducted on lipid
oxidation of a Tween 20 stabilized fish oil emulsion showed that oxidation rates were
substantially faster at pH 7 compared to pH 3. This difference was attributed to the strong
association between positively charged iron, a strong promoter of lipid oxidation, and

negatively charged oil droplets at neutral pH (Mancuso, McClements, & Decker, 1999).
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There was little difference between the oxidation rates of the casein emulsion and
the filled hydrogel microspheres. The concentration of casein present in the filled
hydrogel microsphere suspensions (~2.7%) was substantially greater than the level
present in the casein emulsions (~0.09%). Moreover, the design of filled hydrogel
microspheres is such that emulsified oil preferentially partitions into the casein rich
dispersed phase of the water-in-water emulsion, creating a high protein environment to
surround and protect the emulsified oil. Several studies conducted on the oxidation of oil-
in-water emulsions stabilized with casein have shown that the rate of lipid oxidation
tends to decrease with increasing levels of casein (Hu, et al., 2003; Faraji, et al., 2004;
Ries, et al., 2010; Kargar, Spyropoulos, & Norton, 2011). In the oxidation study
conducted by Ries et al (2010), a wide range of casein concentrations (0.5-10%) were
examined for their influence on the oxidation rate of a linoleic acid emulsion. In general,
the extent of lipid oxidation decreased as the concentration of protein in the system
increased, but this effect became less dramatic as the protein concentration was increased.
Thus, it is possible that the difference in protein concentration between the filled
hydrogel microspheres and the casein stabilized emulsion was not large enough to see a
large difference in the oxidation rate of these two samples. In other words, there was

sufficient antioxidant casein in both systems to effectively inhibit lipid oxidation.

5.5 Conclusions

This study was designed to determine whether incorporating polyunsaturated lipid
droplets within hydrogel microspheres containing an antioxidant protein (casein) could be
used to effectively inhibit oxidation. We therefore compared the oxidative stability of fish

oil incorporated into filled hydrogel microspheres, oil-in-water emulsions stabilized by a
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nonionic surfactant (Tween 20), and oil-in-water emulsions stabilized by a protein
(casein). Our results showed that filled hydrogel microspheres had superior oxidative
stability compared to Tween 20 stabilized emulsions, but there was little difference
between the oxidative stability of filled hydrogel microspheres and casein stabilized
emulsions. We attribute the improved stability of both the filled hydrogel microspheres
and the casein stabilized emulsions to the presence of casein as this protein is known to
have good antioxidant properties.

Although there was not a significant benefit to using filled hydrogel microspheres
over conventional protein-stabilized emulsions in terms of oxidative stability, there may
be other reasons to justify the fabrication of these microspheres. Casein-stabilized
emulsions are prone to droplet flocculation at pH values around their isoelectric point,
whereas we have shown that filled hydrogel microspheres are more stable to aggregation
under these conditions. In addition, filled hydrogel microspheres may prove useful for
controlling the release of encapsulated components in the mouth, stomach or small
intestine, which may be useful in the development of some functional foods. In
summary, this study clearly demonstrates that food proteins (casein) can be highly
effective at preventing lipid oxidation of emulsified lipids. The challenge is to design
systems where the natural antioxidant properties of proteins can be used to their fullest

potential to prevent lipid oxidation in real food matrices.
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CHAPTER 6
INFLUENCE OF LIPID DROPLET ENCAPSULATION WITHIN BIOPOLYMER

HYDROGEL MICROSPHERES ON THEIR DIGESTION: AN IN VITRO STUDY

6.1 Abstract

The objective of this study was to determine the influence of encapsulation of
protein-coated lipid droplets within biopolymer hydrogel microspheres on their
digestibility by lipase. We therefore compared the in vitro lipid digestion of non-
encapsulated (“emulsions”) and encapsulated (“filled microspheres™) casein-coated lipid
droplets. Filled microspheres were fabricated from a phase separated mixture of pectin
and sodium caseinate along with emulsified oil to form an oil-in-water-in-water (O/W/W)
emulsion. The microspheres were then acidified, cross-linked with transglutaminase, and
washed to remove excess pectin. Filled hydrogel microspheres were stable to simulated
mouth conditions but formed large flocs under simulated gastric conditions. The casein
stabilized emulsion showed modest droplet flocculation under simulated mouth
conditions and showed significant flocculation and coalescence under simulated gastric
conditions. The structure of both microspheres and emulsions was completely destroyed
following in vitro digestion. Digestion profiles revealed similar rates of lipid digestion for
both microspheres and emulsions. Results confirm that filled hydrogel microspheres are

a suitable delivery system for lipophilic bioactives.
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6.2 Introduction

Chronic disease prevention is an important public health issue for developed
countries. Factors such as an aging population and increasing health care costs highlight
the need for chronic disease prevention in the developed world. Nutritional therapies such
as functional foods and dietary supplements represent one approach towards the
prevention of chronic disease (Heurtault, et al., 2003; Eussen, et al., 2011). Although
there are many definitions of functional foods, one common theme is that functional
foods may provide health benefits “beyond basic nutrition”(Henry, 2010). These health
benefits are usually associated with the incorporation of one or more bioactive
compounds (Eussen, et al., 2011). Most bioactive compounds fall under one of three
classifications, namely lipids, proteins, or carbohydrates. Of these three categories,
lipophilic bioactives pose several challenges regarding their incorporation into foods. In
particular, these hydrophobic compounds are difficult to incorporate into aqueous foods,
and they are often highly susceptible to oxidative deterioration (McClements, et al.,
2009b; de Vos, Faas, Spasojevic, & Sikkema, 2010). Thus, there is a great need to
develop food grade delivery systems that can be used to encapsulate and protect
lipophilic bioactives.

Emulsion-based delivery systems are excellent candidates for delivering lipophilic
bioactives (McClements, et al., 2007; McClements, 2010a; Sagalowicz & Leser, 2010).
One category of emulsion-based delivery system that may be particularly suitable for
certain applications is filled hydrogel microspheres. These particles consist of emulsified
oil droplets trapped inside a hydrogel particle matrix that is then dispersed within an

aqueous medium. Filled hydrogel microspheres can be fabricated using a multistep
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process. First, an oil-in-water emulsion is formed using a water-soluble emulsifier.
Second, this emulsion is mixed with a biopolymer solution that is capable of phase
separating into an oil-in-water-in-water (O/W/W) dispersion. Third, the environmental
conditions are altered to promote hydrogel particle formation (McClements, et al., 2007,
McClements, 2010a). In our system, filled hydrogel microspheres were fabricated from a
phase separated mixture of high methoxy pectin and sodium caseinate. When this system
is sheared an O/W/W emulsion is formed that consists of oil droplets trapped within a
casein-rich particle that is dispersed within a pectin-rich phase (Matalanis, et al., 2010).
To stabilize this system, this mixture is first acidified to promote the adsorption of pectin
onto the surface of the casein-rich microspheres through electrostatic attraction. The
enzyme transglutaminase is then used to cross-link the casein present within these
microspheres, and the continuous pectin-rich phase is removed by washing.

Lipid bioavailability can be defined as the fraction of ingested lipid that ends up
in systemic circulation (Versantvoort, Kamp, & Rompelberg, 2004). One of the major
factors that determines the overall bioavailability of a lipid is its bioaccessibility or the
fraction of a component that is released into the gastrointestinal tract (McClements, et al.,
2009b; McClements & Li, 2010). Evaluating the bioaccessibility of a new lipid based
delivery system is critical as bioactive compounds must be released in the correct
location of the body, such as the small intestine or the colon for maximum adsorption and
bioactivity. To assess the bioaccessibility of the lipid encapsulated in our filled hydrogel
microspheres, we subjected our delivery system to a simulated gastrointestinal tract
consisting of conditions designed to simulate the mouth, stomach, and small intestine.

For comparison purposes, we also characterized the behavior of a conventional protein
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stabilized emulsion using the same gastrointestinal model. Thus, the objective of this
work was to compare the in vitro lipid digestion of non-encapsulated and encapsulated
protein-coated lipid droplets so as to determine the potential biological behavior of filled

hydrogel microspheres.

6.3 Materials and Methods

6.3.1 Materials

Commercial sodium caseinate was kindly donated by American Casein Company
(Burlington, NJ) and was used without further purification. The percentage of protein
and moisture in this material were 92% and 4.5% as reported by the manufacturer. High
methoxy pectin (Genu Pectin (Citrus), USP/100) was kindly donated by CP Kelco (Lille
Skensved, Denmark). The composition of this material as provided by the manufacturer
was 6.9% moisture. Corn oil (Mazola, ACH Food Companies, Memphis, TN) was
purchased at a local supermarket. The enzyme transglutaminase (Activa® TI) was kindly
donated by Ajinomoto Food Ingredients (Chicago, Illinois). According to the
manufacturer, the activity of this enzyme preparation is 100 units of activity per gram of
powdered preparation. The non-polar dye Bodipy 493/503 was purchased from
Invitrogen (Carlsbad, CA). Lipase from porcine pancreas, type 11 (L3126), bile extract
(porcine, B8613), and porcine gastric mucin Type Il were purchased from Sigma-Aldrich
(St. Louis, MO). All other chemicals used in this research were purchased from Sigma-

Aldrich (St Louis, MO). Double distilled water was used to make all solutions.
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6.3.2 Methods

This study was designed to simulate the digestion of filled hydrogel microspheres
using a mouth, stomach, and small intestine model. A conventional sodium caseinate
stabilized oil-in-water emulsion (same oil level as filled hydrogel microspheres ) was also

included in this study for comparison purposes.

6.3.2.1 Formation and Characterization of Phase Separated Biopolymer Mixtures
Previous work confirmed that an equal weight mixture of 6% pectin and 6%
caseinate (final concentration 3% pectin, 3% caseinate) at pH 7 will phase separate into
an upper phase rich in pectin and a lower phase rich in caseinate. The relative location of
these two layers can be attributed to a difference in density, with the upper phase having
a lower density (~1.02 g/ml) than the lower phase (~1.04 g/ml). Thus, a sodium caseinate
stock solution (6% w/w, dry weight basis) and a pectin stock solution (6% w/w, dry
weight basis) were prepared in buffer solutions containing an antimicrobial to prevent
microbial growth (0.04% sodium azide, 10 mM phosphate buffer, pH 7) using a
mechanical stirrer (Stedfast Stirrer Model SL 1200, Thermo Fisher Scientific, Waltham,
MA). Both solutions were then adjusted to pH 7.0 by adding 4 M sodium hydroxide.
Equal weights of 6% w/w sodium caseinate and 6% w/w pectin stock solutions were
weighed out, the pH was checked and adjusted to pH 7 if necessary, and the mixture was
then stirred together (Stedfast Stirrer Model SL 1200, Thermo Fisher Scientific,
Waltham, MA). Following stirring, this mixture was transferred into centrifuge bottles
and centrifuged at 10,000 g for 2 hours at 20 °C. Longer centrifugation times did not

change the height of the phase separated layers, indicating that 2 hours of centrifugation
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was sufficient for complete phase separation. Following centrifugation, the upper and
lower phases were carefully separated and stored for further analysis.

The concentration of protein in the upper and lower phases was determined by the
Bradford protein assay (Bradford, 1976). A standard curve of absorbance versus
concentration of sodium caseinate was constructed to determine the casein content of the
two phases. The concentration of carbohydrate in the upper and lower phases was
determined using the phenol-sulfuric acid method (DuBois, et al., 1956). A standard
curve of absorbance versus concentration of pectin was constructed to determine the
pectin content of the two phases. Once the concentration of sodium caseinate and pectin
were determined for the upper and lower phases, large quantities of either phase were
easily made. Thus, the upper phase was prepared by making a solution containing 4.03%
(w/w) pectin and 0.22% (w/w) sodium caseinate in 10 mM phosphate buffer with 0.04%
(w/w) sodium azide while the lower phase was prepared by making a solution containing
0.52% (w/w) pectin and 14.2 % (w/w) sodium caseinate in 10 mM phosphate buffer with
0.04% (w/w) sodium azide. Following dispersion, the pH of each phase was then adjusted

to pH 7 with 4 M sodium hydroxide.

6.3.2.2 Emulsion Preparation

An oil-in-water emulsion (20.74 % oil w/w) stabilized with 2.07% (w/w) sodium
caseinate was formed from corn oil, sodium caseinate, and buffer solution (0.04% sodium
azide, 10 mM phosphate buffer, pH 7). A coarse emulsion was formed first by blending
this mixture at a speed of 20,000 rpm for 2 minutes with a high speed blender (Tissue
Tearor Model 985370-395, Biospec Products Inc., Bartlesville, OK). The coarse

emulsion was then homogenized with a high pressure homogenizer (Microfluidizer
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Model 110 L, Microfluidics, Newton, MA) for 3 passes at a chamber pressure of 11,000
psi. Emulsions formed by this method had an average volume-weighted mean diameter
(D 4,3) of 0.37 um and an average surface-weighted mean diameter (D 3,2) of 0.32 pum
as measured by static light scattering (Mastersizer 2000, Malvern, Worcestershire, UK).
For comparison purposes, a casein stabilized emulsion with the same oil
percentage as the filled hydrogel microspheres was prepared. This emulsion was formed
by diluting the emulsion prepared previously using 10 mM phosphate buffer. Sodium
azide was added to this diluted emulsion such that the concentration of sodium azide
remained at 0.04% (w/w). Analysis of the oil content of filled hydrogel microspheres
revealed that some oil was lost during the process of forming these particles. For this
reason, a sodium caseinate emulsion diluted to 2.5% (wt/wt) oil was prepared (the
average oil content of the filled hydrogel microspheres as determined by fat extraction

and analysis - see section 6.3.2.4).

6.3.2.3 Formation of Filled Hydrogel Microspheres

A water-in-water (W/W) emulsion is formed when proportions of the isolated
upper and lower phases described in section 6.3.2.1 are mixed together. When the
proportion of upper phase is much greater (above ~80% vol/vol) than the proportion of
lower phase, the lower phase will form the dispersed phase of the W/W emulsion, and the
upper phase will form the continuous phase. The addition of emulsified oil to this W/W
emulsion resulted in the emulsified oil droplets partitioning into the dispersed phase.

Filled hydrogel microspheres were formed from a mixture of 5% (vol/vol) lower
phase, 90% (vol/vol) continuous phase and 5% (vol/vol) of a 20.74% (w/w) corn oil-in-

water emulsion. Thus, the final mixture contained 1% (w/w) corn oil. This mixture was
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then stirred with an overhead stirrer at 300 rpm, and the pH was measured and adjusted to
pH 7.0 with 4M sodium hydroxide if necessary. One drop of 1 M citric acid was then
added every 10 seconds under constant stirring at 300 rpm until the mixture reached pH
5. The microspheres were then cross-linked by adding a solution of transglutaminase (0.1
g transglutaminase/ml of 10 mM phosphate buffer pH 5) at a level of 10 Units of enzyme
activity/ per gram of protein and incubating the mixture at 40°C for 2 hrs with constant
agitation at 300 rpm. To inactivate transglutaminase, the mixture was heated in a 85 °C
water bath for 5 minutes with constant agitation at 300 rpm. The mixture was then cooled
on ice for 20 mins. Following cooling, the particles were washed at a ratio of 1 part
particles to 4 parts of 10 mM phosphate buffer (pH 5) and then centrifuged at 10,000 g
for 10 minutes. The washing solution (along with a majority of the continuous phase) was
decanted, and the washed particles were resuspended in 10 mM phosphate buffer pH 7
with 0.04% sodium azide such that the final weight of particles and buffer was ¥4 the
initial weight of particles. This level of reconstitution was designed to achieve an initial
oil level of 4% w/w in these particles. The particles were then adjusted to pH 7 using 4M
sodium hydroxide. The level of oil in these particles was then determined experimentally

(see section 6.3.2.4).

6.3.2.4 Fat Extraction and Analysis of Filled Hydrogel Microspheres and Emulsion

The level of oil in both the reconstituted filled hydrogel microspheres and the
conventional caseinate stabilized O/W emulsion was determined by lipid extraction using
chloroform:methanol, 2:1 vol/vol (lverson, et al., 2001). Briefly, 1 gram of emulsion or
filled hydrogel microspheres was vigorously vortexed three times with 7.5 mL of

chloroform: methanol (2:1 vol/vol) followed by centrifugation for 30 minutes at ~2400 g.
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Following centrifugation, 2 ml of the lower solvent phase was removed, and the solvent
was evaporated under a stream of nitrogen. The amount of extracted oil was then
determined gravimetrically. Previous experiments confirmed that oil recovery rates from

filled hydrogel microspheres were ~100% of theoretical values.

6.3.2.5 Simulated Gastrointestinal Digestion Model

Simulated Mouth Conditions: Artificial saliva was prepared according to the
procedure described by Sarkar, Goh, & Singh (2009a). The level of porcine gastric mucin
Type Il used was 30 g/L. Equal weights of either emulsion or reconstituted filled
hydrogel microspheres and artificial saliva were mixed together, and the pH was adjusted
to pH 6.8. This mixture was then stirred for 5 mins.

Simulated Gastric Conditions: Simulated gastric fluid was prepared from a
solution consisting of 2 g of sodium chloride, 7 ml of concentrated hydrochloric acid, and
3.2 g of pepsin diluted to 1 liter of solution with double distilled water. The pH of this
solution was then checked and adjusted to pH 1.2 if necessary. Equal weights of the
mixture obtained following simulated mouth conditions and simulated gastric fluids were
mixed together, and the pH of this mixture was adjusted to pH 2.5. This mixture was then
transferred to a conical flask and allowed to incubate at 37°C in an incubator shaker at
100 rev/min for 2 hrs.

In Vitro Digestion of Lipids: An in vitro digestion model described by Hu, Li,
Decker & McClements (2010) was used with modifications to simulate lipid digestion in
the small intestine. Briefly, a 60 g sample of the mixture obtained following simulated
gastric conditions was weighed, and this mixture was transferred to a 37°C water bath.

To this mixture, 2 ml of a 750 mM calcium chloride solution along with 8 ml of a bile
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extract solution (46.9 mg bile/ml 10 mM phosphate buffer pH 7) were added under
stirring (stirrer speed 4), and the pH was adjusted to 7. Lastly 5 ml of a lipase solution (24
mg lipase/ml 10 mM phosphate buffer pH 7) was added under stirring, and an
autotitration unit (Metrohm USA, Inc.) controlled by a software program (Tiamo 1.2.1
software, Metrohm GA, Switzerland) was used to titrate the free fatty acids released
during lipid digestion with 0.2 M standardized sodium hydroxide such that the pH of this
system was held constant at pH 7.0. Thus, the final composition of this digestion system
(75 ml total sample) contained 20 mM calcium chloride, 5mg/ml bile extract, and 1.6
mg/ml lipase. The percentage of free fatty acids (%FFA) released was calculated using

the following equation:

X Myaon X M

Y% .
%FFA=100x —= liptd (6.1)

Wiipig X 2

where Vyqon IS the volume of titrant in liters, myaon is the molarity of sodium hydroxide,
Miipia is the molecular weight of corn oil taken to be 872 g/mol , and wiipiq is the weight of
oil in the digestion system in grams. Blanks (samples without oil) were run, and the
volume of titrant used for these samples was subtracted from the corresponding samples

that contained oil.

6.3.2.6 Evaluation of the Physical Properties of Emulsions and Filled Hydrogel
Microspheres During Digestion

In an effort to understand how simulated digestion conditions impact the physical

properties of filled hydrogel microspheres and emulsions , samples of filled hydrogel
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microspheres were evaluated for their size, charge, and microstructure before digestion
as well as after simulated mouth conditions, after simulated gastric conditions, and after
in vitro lipid digestion The particle size of all samples was measured by static light
scattering using a commercial instrument (Mastersizer 2000) with a small volume sample
dispersion unit (Hydro 2000 SM) (Malvern, Worcestershire, UK). For emulsion samples,
a refractive index of 1.472 and absorption of 0 were used for the dispersed phase (oil).
For the hydrogel microspheres, the Fraunhofer approximation was used, which does not
depend on particle refractive index. For both emulsion and hydrogel samples, the optical
properties of the dispersant were set to those of water (refractive index = 1.33; absorption
=0). All samples were diluted in 10 mM phosphate buffer adjusted to the pH of the
sample, and the stirrer speed for the dispersion unit was set to 1250 rpm. The parameter
D3, often referred to as the average volume mean diameter was used to assess particle
size. A definition of this parameter can be found on page 56.

The C-potential of all samples was measured by laser doppler electrophoresis
(Zetamaster, Malvern, Worcestershire, UK). Prior to measuring, samples were diluted
with 10 mM phosphate buffer adjusted to the pH of the sample. Initial experiments
conducted across several dilution factors confirmed that a dilution factor of 1:1000
resulted in satisfactory count rates. Previous experiments confirmed that the {-potential
for all samples was negative which allowed for the use of a lower modulation frequency
of 250 Hz. Five {-potential measurements were taken per sample injected.

To observe the structural changes that occurred during digestion, confocal
microscopy images were taken of all samples. To observe the oil phase, the hydrophobic

dye Bodipy 493 (0.1 mg/mL) was added to corn oil, and this mixture was covered and
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conducted across several dilution factors confirmed that a dilution factor of 1:1000
resulted in appropriate instrument count rates. Previous experiments confirmed that the
C-potential for all samples was negative which allowed for the use of a lower modulation
frequency of 250 Hz. Five {-potential measurements were taken per sample injected.

To examine the microstructure of various samples, confocal and DIC (differential
interference contrast) microscopy images were taken. For DIC images, samples were
viewed with a microscope (Nikon D-Eclipse C1 80i, Nikon, Melville, NY) using an oil
immersion objective lens (60x, 1.40 NA) along with a 2x camera zoom. For confocal
microscopy, samples were dyed prior to particle formation. To observe the oil phase, the
hydrophobic dye Bodipy 493 (0.05 mg/mL) was added to corn oil, and this mixture was
covered and stirred overnight. This dyed oil was then used to form an emulsion as
described in section 7.3.2.2 . For the filled hydrogel microspheres, Rhodamine B was
used to stain the protein present in these microspheres. Rhodamine B was first dissolved
in double distilled water at a concentration of 0.05% w/v. This solution was then added at
a concentration of 5 pL/g of sample into the mixture of “particle phase” and upper phase.
This mixture was then acidified and cross-linked as described in section 7.3.2.3.

Samples were magnified using a microscope (Nikon D-Eclipse C1 80i, Nikon,
Melville, NY) with an oil immersion objective lens (60, 1.40 NA). An air cooled argon
ion laser Model IMA1010 BOS (Melles Griot, Carlsbad, CA) was used to excite Bodipy
493 at 488 nm. Emission spectra for Bodipy 493 were detected in the 515 nm channel
equipped with a narrow pass filter (HQ 515/30m). Rhodamine B was excited with a 543
nm Melles Griot helium-neon laser Model 05-LGP-193 (Melles Griot, Carlsbad, CA) and

detected in the 605 nm channel (HQ 605LP/75m). The pinhole size was set at 33.3 pm.
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All images were taken and processed using the instrument’s software program (EZ- CS1

version 3.8, Nikon, Melville, NY).

7.3.2.7 Influence of Volume Ratio on Filled Hydrogel Microsphere Formation

In order to understand how the volume proportions of upper phase and “particle
phase” impact particle yield, the volume ratio of “particle phase” and upper phase was
varied from 1% (vol/vol) “particle phase”/99% (vol/vol) upper phase to 40% (vol/vol)
“particle phase”/60% (vol/vol) upper phase. Following formation, each sample was
acidified to pH 5, cross-linked with transglutaminase, and heat inactivated as described in

section 7.3.2.3 with the exception that particles were not washed with buffer.

7.3.2.8 Fabrication of Density Matched Filled Hydrogel Microspheres

In an effort to fabricate filled hydrogel microspheres that will not cream or
sediment in low viscosity liquids, microspheres with increasing concentrations of oil
(0%, 9.1%, 18.2%, and 27.3% (w/w)) were fabricated. Initially, a concentrated “particle
phase” was prepared by dissolving caseinate and pectin in a 30% corn O/W emulsion to
give the same biopolymer concentrations as determined in the lower phase of the phase
separated system (based on the weight of buffer in the emulsion), and then adjusting to
pH 7. The concentrated “particle phase” was then mixed with different portions of lower
phase that did not contain emulsified oil to form a series of “particle phases” with
different oil contents. For the samples containing 0% oil, the particle phase consisted of
only lower phase without emulsified oil. A mixed system was then prepared by mixing

10% (vol/vol) “particle phase” with 90% (vol/vol) upper phase. This mixture was then
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acidified and cross-linked as described in section 7.3.2.3 with the exception that the
particles were not washed.

Fabricated microspheres were evaluated for size, charge, microstructure, lightness
(L*), and apparent viscosity. Lightness was measured using a colorimeter (Color Flex
EZ, Hunter Lab, Reston, VA). The apparent viscosity of particle suspensions and
individual biopolymer phases was measured using a using a dynamic shear rheometer
(Kinexus rheometer, Malvern, Worcestershire, UK). A cup and bob geometry consisting
of a bob with a diameter of 25 mm and a cup with a diameter of 27.5 mm was used to
conduct a shear rate ramp from 0.1 to 100 s™ for all samples. A power model was fitted to
the viscosity data to generate the flow index (n) and consistency index (k).

To evaluate the stability of these microspheres to sedimentation or creaming,
particles were diluted at a ratio of 1 part microspheres to 99 parts 10 mM phosphate
buffer pH 7 adjusted to pH 5 with 0.04% sodium azide, and 6 g of each diluted
suspension was weighed out into individual glass test tubes. The initial suspensions were
scanned using a laser vertical profiling system (Turbiscan Classic MA 2000,
Formulaction, Wynnewood PA). Samples were stored at room temperature and rescanned
after 1 and 7 days. Photographs were also taken of all samples both initially and after 1
and 7 days of storage. In an effort to reduce the time required to assess particle stability, 6
g of each diluted suspension was transferred into glass centrifuge test tubes. All samples
were scanned initially, centrifuged for 1 hr at 150 x g, and then rescanned. Photographs
were taken of all samples before and after centrifugation. In the case of laser vertical
profiling, transmission (T%) and back-scattering (B%) profiles as a function of sample

height were collected and analyzed using the instruments software program (Turbisoft
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version 1.21). The change in the height of the transmission zone following storage or

centrifugation was used to calculate the Sediment Index defined as follows:
Sedimentation Index = E><1OO
S (7.2)

where C = height of the transparent transmission zone (in mm) following storage or

centrifugation and S = is the total height of the sample (in mm).

7.3.2.9 Statistical Analysis

All experiments were carried out in triplicate using freshly prepared samples.

7.4 Results and Discussion

7.4.1 Influence of Order of Addition on Lipid Loading Capacity

An important criterion to consider when developing a delivery system for
bioactive components is the system’s loading capacity, defined as the mass of
encapsulated material per unit mass of carrier material. In general, the loading capacity of
a delivery system should be as high as possible to allow for the most effective and
economic delivery of bioactive components (McClements, et al., 2009a). In this study,
the loading capacity of filled hydrogel microspheres relies on the partitioning of oil
droplets into the dispersed (casein-rich) biopolymer phase of a W/W system.
Consequently, the method used to introduce the oil droplets into the system may impact

its lipid loading capacity. Thus, the objective of this set of experiments was to determine
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whether the order in which various phases were mixed together influenced lipid loading
capacity.

Three different mixing treatments (A, B, and C) were studied to determine their
influence on the lipid loading capacity. In treatment A, the emulsion was first mixed with
the lower phase (caseinate-rich) and then the upper phase (pectin-rich) was added. In
treatment B, all three phases (upper, lower, and emulsion) were mixed together
simultaneously. In treatment C, the emulsion phase was first mixed with the upper phase
and then the lower phase was added. We found little difference in the lipid loading
capacity among the three treatments studied: LC = 67% + 2% for A, 65% * 2% for B,
and 69% = 4% for C. This result shows that mixing order had little impact on the final
lipid content of the microspheres. Previous research conducted on the partitioning of
emulsified oil droplets in a phase separated system of 3% sodium caseinate and 3%
pectin at pH 7 showed that oil droplets rapidly partitioned into the casein-rich phase after
gentle mixing (Matalanis, et al., 2010). Based on these findings, one can conclude that
the partitioning of emulsified oil into the casein-rich phase of the phase separated systems
occurred rapidly. Consequently, the initial location of the oil droplets in the system did

not have a major impact on the loading capacity of these microspheres.

7.4.2 Simplification of Fabrication Method

The current “emulsion” method for fabricating filled hydrogel microspheres
requires a number of steps including: preparing both upper and lower phases; preparing
an oil-in-water emulsion; mixing the upper, lower, and emulsion phases to form an
O/W/W emulsion; acidifying the O/W/W emulsion; and lastly, cross-linking these

microspheres with enzyme. To reduce the number of steps associated with microsphere
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fabrication, two alternative methods were compared with the “emulsion” method. The
final compositions of the three systems studied were the same, but the method used to
prepare each system was different. In the “free oil - simple mixture” method, free oil,
caseinate, and pectin were directly dispersed into buffer solution and then mixed together.
In the “free oil — complex mixture” method, free oil was initially dispersed into the lower
phase, and then this mixture was mixed with the upper phase.

An examination of the microstructure of the samples created by both of the “free
oil” methods revealed that neither of them created filled hydrogel microspheres (Figures

7.1A,7.1B). Instead, they resulted in the formation of casein-rich particles (~1-2 um) and

Figure 7.1: Confocal micrograph images of structures formed from oil, caseinate, and
pectin (pH 5) using three different methods:

A. the “simple mixture” method where all the components are directly mixed together; B.
the “free oil method” — free oil is dispersed into the lower phase first, and then this phase
is mixed with the upper phase; and C. the “emulsion” method —biopolymers are mixed
with a pre-fabricated emulsion. Qil is dyed in green while protein is dyed in red, scale bar
is 10 um

large oil droplets (~10 um). In contrast, the “emulsion” method produced filled hydrogel
microspheres consisting of small oil droplets trapped within protein-rich particles (Figure

7.1C). A comparison of the particle size distribution of samples fabricated by the three

methods further highlights the difference in their microstructures (Figure 7.2). A large
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proportion of the particles in the samples fabricated using the “free oil” methods had
diameters between 10 and 100 pm, which correspond to the large oil droplets observed in
the microscopy images. In contrast, the majority of particles in the sample fabricated
using the “emulsion” method had diameters of 10 um or less, which suggests that this
sample consisted of relatively small filled hydrogel microspheres. The presence of a
small proportion of larger particles (10-100 um) in the sample fabricated by the
“emulsion” method can likely be attributed to the formation of some protein aggregates
during cross-linking by transglutaminase (see section 7.4.3).

50

=~—Free Oil-Simple
Mixture Method

—aFree Oil- Complex
40 A Mixture Method
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Figure 7.2: Particle size distribution of particles formed by the Free Oil-Simple Method.,
the Free Oil-Complex Method, and the Emulsion Method

The inability of either “free oil” method to form filled hydrogel microspheres

maybe the result of the significantly lower interfacial tension of water-in-water emulsions
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(10°-10* lower) compared to oil-in-water emulsions (Frith, 2010). Because of the low
interfacial tension of water-in-water emulsions, modest shearing can cause significant
droplet deformation and ultimately droplet breakup (Erni, et al., 2009). Since the
interfacial tension of an oil-in-water emulsion is much greater, mild shearing will not
cause substantial droplet breakup, and thus, the smaller droplets formed from the water-
in-water emulsion would be unable to encapsulate the much larger oil droplets present in
the system. It should be noted that although the emulsifier of the O/W emulsion used to
fabricate these microspheres by the “emulsion” method is casein, the same biopolymer as
the dispersed phase, other emulsifier may be used in this method. Preliminary
experiments using the emulsifier Tween 20 instead of casein showed that the emulsified
oil in this system preferentially migrated to the dispersed casein-rich phase. These
experimental results agree with the explanation in our previous publication (Matalanis et
al, 2010) that the migration of oil into the dispersed casein-rich phase is driven by a

biopolymer depletion mechanism.

7.4.3 Influence of Volume Ratio on Filled Hydrogel Microsphere Formation and

Microstructure

An important property of a phase separated biopolymer system is the relative
volume fraction of each phase. For a two phase system, the phase that represents the
larger fraction by volume will typically form the continuous phase while the phase that
represents the smaller fraction by volume will form the dispersed phase (Norton & Frith,
2001; Frith, 2010). In our study, we wanted the protein-rich phase to form the dispersed
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phase because this phase can be enzymatically cross-linked.Thus, it was important that
the volume fraction of the casein-rich phase was less than that of the pectin-rich phase.
Considering both the above restrictions as well as the desire to increase particle yields,
we sought to maximize the quantity of microspheres fabricated by the emulsion method.
To address this issue, we examined the influence of the volume fraction of the
biopolymer disperse phase (“particle phase”) on the formation of filled hydrogel
microspheres.

Optical micrographs of the structure of filled hydrogel microspheres formed by
mixing different ratios of “particle phase”(oil droplets + lower phase) and
continuousphase (upper phase) are shown in Figures 7.3A and 7.3B. A few isolated
spherical particles were observed in the system prepared by mixing 1% “particle phase”
and 99% disperse phase (Figure 7.3A). On the other hand, a large number of closely
packed elongated spheroid particles were observed in the system prepared by mixing
40% disperse phase with 60% continuous phase (Figure 7.3B). Unfortunately, several
problems occurred during the preparation of microspheres containing high proportions of
“particle phase”. Most notably, excessive foam formation was observed in systems made
with high (30-40% vol/vol) proportions of “particle phase”. In an effort to remove this

foam, these samples were centrifuged at 1,000 g for 10 min, which resulted in a thick
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Figure 7.3A: Optical micrographs of filled hydrogel particles formed from 1% (vol/vol)
particle phase (oil droplets + lower phase) and 99% (vol/vol) upper phase

Figure 7.3B: Optical micrographs of filled hydrogel particles formed from 40%
(vol/vol)particle phase (oil droplets + lower phase) and 60% (vol/vol) upper phase
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Figure 7.4: Photograph and micrograph of filled hydrogel particles formed from 30%
(vol/vol) lower phase and emulsion and 70% (vol/vol) upper phase after centrifugation at
1,000 g for ten minutes. Note coagulated protein on surface of mixture, and coagulated
protein (left) and free particles (right) in micrograph

layer of what appeared to be coagulated protein on their surfaces (Figure 7.4). Analysis of
the microstructure of this surface layer revealed the formation of large aggregates along
with some individual microspheres (Figure 7.4).

The rate at which the particles in an emulsion will aggregate depends on the
collision frequency and the fraction of collisions that lead to aggregation. In particular,
the collision frequency is dependent on the total number of particles encountered in a
given time and volume (McClements, 2005). By increasing the number of microspheres
in the system, the collision frequency and aggregation rate will increase. To prevent an

excessive amount of aggregation during microsphere fabrication, the proportion of
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particle phase was reduced to 10% (vol/vol). At this ratio, some aggregation was still
observed after microsphere formation, but it was much less than at higher particle phase

concentrations.

7.4.4 Fabrication of Density Matched Filled Hydrogel Microspheres

Gravitational separation is a common instability mechanism for colloidal-based
delivery systems intended for use in foods and beverages (Jones & McClements, 2010;
Matalanis, Jones, & McClements, 2011). This form of instability occurs when the density
of the particle differs from that of the surrounding liquid. If the particles are less dense
than the surrounding liquid, they tend to move upwards (creaming), whereas if they are
more dense they tend to move downwards (sedimentation). The speed at which particles
move depends on their size, with larger particles moving more rapidly than smaller ones.
Filled hydrogel microspheres are relatively large (d > 1 um), and thus, these
microspheres are prone to gravitational separation. The instability of these microspheres
to gravitational forces would limit their use in products that have low viscosity
continuous phases such as beverages. We therefore examined the possibility of retarding
or preventing the gravitational separation of the filled hydrogel microspheres by varying

the amount of oil they contained which in turn impacts the density of these microspheres.
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7.4.4.1 Structural and Physicochemical Properties

Initially, we characterized the structural and physicochemical properties of filled
hydrogel microsphere suspensions containing different oil contents. Confocal
fluorescence micrographs of the filled hydrogel microspheres are shown in Figures 7.5A-
7.5D. A fluorescent dye was used to stain the oil phase green while the protein was dyed
with the red dye Rhodamine B. As the amount of oil droplets in the hydrogel
microspheres increased there was a decrease in their redness and increase in their
yellowness/greenness.

The confocal micrographs also indicated that the size of the hydrogel
microspheres increased as the oil content increased (Figures 7.5A-7.5D), which was
supported by light scattering measurements (Figure 7.6). The presence of oil droplets
within the lower phase may have made particle disruption more difficult when the upper
and lower phases were blended together, thereby leading to larger hydrogel microspheres
being formed. Droplet disruption under shear flow conditions depends on the ratio of the
dispersed phase and continuous phase viscosities, i.e., np/nc (Grace, 1982). We
therefore measured the apparent viscosities of the dispersed and continuous phases and
used this data to calculate the viscosity ratio for each system at a fixed shear rate similar
to that used during the mixing stage, i.e., 100 s™. There was an appreciable increase in the
viscosity ratio as the concentration of oil in the dispersed phase increased (Table 7.1).
The incorporation of oil droplets into the disperse phase may therefore have inhibited
droplet disruption due to this increase in viscosity ratio, leading to larger hydrogel

microspheres being formed.
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Figure 7.5A: Confocal micrographs of
filled hydrogel particles containing 0%
(w/w) oil. The protein appears red, and
the scale bars represent 10 um

Figure 7.5B: Confocal micrographs of
filled hydrogel particles containing
9.1% (w/w) oil. The oil appears in
green while the protein appears red,
and the scale bars represent 10 um
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Figure 7.5C: Confocal micrographs
of filled hydrogel particles
containing 18.2% (w/w) oil. The oil
appears in green while the protein
appears red, and the scale bars
represent 10 um

Figure 7.5D: Confocal micrographs
of filled hydrogel particles
containing 27.3% (w/w) oil. The oil
appears in green while the protein
appears red, and the scale bars
represent 10 um



The overall apparent shear viscosity, optical properties (lightness), and electrical
characteristics (C-potential) of filled hydrogel microsphere suspensions with different oil
contents was also measured (Table 7.2). These suspensions were prepared by blending
10% “particle phase” (lower phase + oil droplets) with 90% continuous phase (upper
phase). There was little difference in the apparent viscosities of suspensions containing
different oil contents, which suggests that the filled hydrogel microspheres had similar
effects on the flow profiles of the suspensions.

There was a slight increase in the overall lightness (L*) of the suspensions as the
oil droplet concentration within the microspheres increased, with the L* value increasing
from around 75 to 81% as the oil content within the microspheres increased from 0 to
27.3% (Table 7.2). This effect may have been due to an increase in the refractive index of
the microspheres due to the presence of oil. The overall refractive index of the filled
hydrogel phase depends on its composition and the refractive indices of the different
components within it (Jones & McClements, 2010; Matalanis et al., 2011). To a first
approximation, the overall particle refractive index (np) is given by the sum of

contributions from the water (W), biopolymer (B), and oil (O) components:
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Figure 7.6: Mean particle diameter (D3,) for filled hydrogel particles fabricated with

increasing concentrations of emulsified oil in the disperse phase

Table 7.1: Apparent viscosity for continuous and dispersed phase and viscosity ratio for
microsphere with increasing oil levels (0-27.3% oil)

Apparent Viscosity of | Apparent Viscosit . . .
E))Fi)spersed Phaseé p%f Dispersed Y Viscosity Ratio

Sample Shear Rate Phase@ Shear Rate (Mapparent (gispersed phase)/

100.1 st (Pa-s) 100.1 s (Pa-s) TNapparent (continuous phase))
0% oil 1.13 0.31 3.70
9.1% oil 2.63 0.31 8.58
18.2% oil 4.43 0.31 14.45
27.3% oil 6.34 0.31 20.72
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Table 7.2: Apparent Viscosity, n, K, zeta potential, and LAB readings for particles with
increasing oil levels (0-27.3% oil)

Sample Apparent n K Zeta L*
Viscosity @ Potential Value
Shear Rate
1s?

0% oil 0.44 Pas 0.98 0.43 Pas" -26.6+0.3 | 75.1+1.3
9.1% oil 0.48 Pa:s 0.97 0.48 Pas" 273+14 | 77.4+0.9
18.2% oil 0.42 Pas 0.98 0.42 Pas" -26.2+0.3 | 78.2+0.6
27.3% oil 0.45 Pa:s 0.98 0.45 Pas" -27.8+0.6 | 80.9+0.3

Np= (1-0s—do)Nw + dsNs + doNo, Where n is the refractive index and ¢ is the fraction of
the specified component present. The refractive index of water is around 1.33, whereas
those of oil and biopolymer are around 1.47. An increase in the total amount of oil +
biopolymer present would therefore lead to an increase in the overall refractive index of
biopolymer present would therefore lead to an increase in the overall refractive index of
the microspheres. There was an appreciable increase in the sum of oil and biopolymer
present within the microspheres with increasing oil content (Table 7.3), which could due
to some light scattering by the oil droplets within the microspheres, as well as by the
microspheres themselves.

The presence of different amounts of oil droplets within the filled hydrogel
microspheres had little effect on their overall electrical characteristics, with all samples
being negatively charged. Previous studies have shown that this kind of hydrogel
microsphere is negatively charged at pH 5, which was attributed to the presence of

anionic pectin molecules onto the surfaces (Matalanis & McClements, et al., 2012)
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Table 7.3: Physical properties associated with calculating creaming velocity (U) for filled
hydrogel particles with increasing concentrations of oil (0-27.3% w/w)

Qil Biopolymer Oil-to- Diameter Pp Creaming
Content Content % Biopolymer | (um) (kg/m?®)
% (w/w) (wiw) Ratio Velocity

(mm/day)

0% 14.7 0 1.70 1039 -5.4

9.1% 13.4 0.68 2.26 1027 -6.6
18.2% 12.0 151 2.74 1015 -54
27.3% 10.7 2.55 3.06 1003 -15

7.4.4.2 Stability to Gravitational Separation
The creaming or sedimentation rate of non-interacting rigid spherical particles
suspended in a dilute Newtonian liquid (water) can be modeled by the following

equation:

2
U =297 (P — Aw) (7.3)
Iy

In this equation, U is the creaming velocity (positive U for creaming; negative U
for sedimentation), g is the acceleration due to gravity, r is the radius of the particle, p is
the density, n is the shear viscosity, and the subscripts W and P refer to water and
particles, respectively. The density of filled hydrogel microspheres depends on their

composition, and can be approximately modeled using the following equation:
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Pp= dspe + Popo + (1-0s—ho)Pw (7.4)

Here the subscripts B, W, and O refer to the biopolymer, water and oil phases,
respectively, p is the density of each phase, and ¢ is the volume fraction of each phase
(Jones & McClements, 2010; Matalanis, et al., 2011). Gravitational separation can be
inhibited when the density of the particle (pparicie) €quals the density of the surrounding
fluid (pw). The particle composition required to meet this criteria can be established by

rearranging Equation 4:

¢ :_¢B(pB_pW) :_¢BApB
0 (Po = Pu) Apy (7.5)

We measured the density of the lower biopolymer phase, which contained 14.7%
biopolymer (casein + pectin), to be 1039 kg m™. Assuming a linear relationship between
solution density and biopolymer concentration we estimated the effective density of the
biopolymer molecules (i.e. the density of a 100% biopolymer solution) to be pg = 1265
kg m™. The density of the aqueous and oil phases was pw = 1000 kg m™ and po = 918 kg
m3, respectively. Consequently the density contrasts for the oil and biopolymer that
appear in the above are: Apo ~ -82 kg m™ and Apg ~ +265 kg m, respectively.
Consequently, if the dispersed phase composition is controlled so that ¢o ~ 3.2 x ¢g, then
the particles should be density matched to the surrounding continuous phase which

should prevent gravitational separation.
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We therefore prepared a series of filled hydrogel microspheres with different
particle phase compositions by mixing different ratios of lower phase with oil phase. The
lower phase had a constant biopolymer concentration (casein + pectin = 14.7%).
Consequently, the final compositions of the disperse phase (lower phase + oil phase)
were 0 to 27.3% oil and 14.7 to 10.7% biopolymer, which corresponded to ¢o/¢g ~ 0 to
2.6 (Table 7.3). Consequently, one would expect the system with the highest oil content
to have the best stability against gravitational separation. The stability of the
microspheres to gravitational separation was then predicted according to the Stokes
equation using the values for particle size, density, and continuous phase viscosity listed
in Table 7.3. These predictions suggested that the microspheres containing the highest oil
content should be relatively stable to gravitational separation while microspheres with
lower oil contents should undergo appreciable sedimentation due to their relatively high
densities compared to water.

A series of filled hydrogel microsphere suspensions containing different oil
contents were prepared and then diluted with buffer solution. Dilution was carried out
since the original samples were too viscous to exhibit appreciable creaming, presumably
due to the relatively high concentration of pectin in the continuous phase. Photographs of
the samples were then taken after 0 and 7 days storage at room temperature (Figure 7.7).
Prior to storage, all samples had a uniformly cloudy appearance. After 7 days of storage
the samples containing 0 to 18.2% oil in the dispersed phase were almost completely
transparent with a thin white sediment visible at the bottom of the tubes, while the
samples containing 27.3% oil remained cloudy throughout. A direct comparison of the %

transmission results obtained by laser vertical profiling of diluted samples containing
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either 0% or 27.3% oil after 7 days storage is shown in Figure 7.8. From these profiles, it
is clear that microspheres containing 0% oil were highly prone to sedimentation during

storage while those containing 27.3% oil were not. The susceptibility of the various

0 days

Figure 7.7: Photographs of filled hydrogel particles with increasing oil content (0, 9.1,
18.2, and 27.3% oil) diluted 1:100 in buffer at pH 5 after 0 (A) and 7 (B) days storage at
ambient temperature

microsphere suspensions to settling was characterized by calculating the sedimentation
indices from the laser profiling measurements (Figure 7.9). The experimentally
determined sedimentation indices were compared with predicted values calculated using

Stokes equation and the parameters in Table 7.1 (Figure 7.9). There was good qualitative
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agreement between the predicted and measured values for suspensions containing

different oil contents. With the exception of the sample containing 27.3% oil, all samples

were predicted to undergo almost complete sedimentation after 7 days storage. The

experimental sedimentation indices were greater than the predicted values for the samples

with relatively low oil contents, which may have been due to some change in the internal
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Figure 7.8: Comparison of vertical laser profiles of % transmission versus sample height
for filled hydrogel particles diluted 1:100 in buffer (pH 5) containing 0% oil and 27.3%
oil after 7 days of storage at room temperature
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Figure 7.9: Predicted and experimental sedimentation indices versus oil content of filled
hydrogel particles diluted 1:100 in buffer at pH 5 after 7 days of storage at room
temperature

composition (and therefore density) of the microspheres or due to changes in the particle

size. The predicted sedimentation index for the sample containing 27.3% oil was actually
appreciably higher than the experimental value (where no sedimentation was observed).
This may have been to differences in the internal composition of the microspheres after
initial preparation. In the predictions it is assumed that the microspheres have the same
composition as the mixture prepared by combining the lower biopolymer phase and the
oil droplets together. In reality, there may be changes in the composition and structure of
this mixture during the preparation procedure, e.g., due to changes in pH or dilution.
From an industrial prospective, it is often desirable to predict the susceptibility of

a given sample to gravitational separation using an accelerated test. Creaming or
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sedimentation of colloidal dispersions can be accelerated using centrifugation. We
therefore examined the influence of centrifugation on the stability of the microspheres to
sedimentation. Diluted microspheres (1:100) were scanned using laser profiling,
subjected to centrifugation (150 x g for 1 hour), and then rescanned. The sedimentation
index was then calculated from the laser profiling data for systems with different oil
contents within the microspheres. The sedimentation index measurements indicated that
microspheres containing 0 to 18.2% oil all moved to the bottom of the tubes after
centrifugation, while those containing 27.3% oil remained suspended in solution (Figure
7.10). Thus, the centrifugation and gravitational separation results both indicate that the
stability of the microspheres to settling can be greatly enhanced by matching their density
to the surrounding aqueous phase by incorporating sufficient oil droplets. These results
also confirm that mild centrifugation is a good accelerated test for establishing the

stability of the microspheres to settling.

7.5 Conclusions

The overall goal of this work was to improve the current method of fabricating
filled hydrogel microspheres using phase separated biopolymer solutions. More
specifically, we sought to increase the lipid loading capacity and yield of the
microspheres, to simplify the current method of making microspheres, and to fabricate
density matched microspheres. Our results showed that the order in which different
phases of biopolymers and emulsified oil were added did not impact the lipid content of
these microspheres. The microsphere yield could be increased by increasing the volume
fraction of the dispersed phase, however using too much dispersed phase resulted in

substantial foaming and coagulation.
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Figure 7.10: Sedimentation index versus oil content of filled hydrogel particles diluted
1:100 in buffer at pH 5 after centrifugation at 150 x g for 1 hour

We attempted to use free oil in place of emulsified oil to reduce the number of
processing steps associated with fabricating hydrogel microspheres. However, samples
made with free oil did not form the desired filled hydrogel structure. Instead, these
samples consisted of a mixture of protein-rich particles and large non-encapsulated oil
droplets, rather than filled hydrogel microspheres. Lastly, we have shown that filled
hydrogel microspheres with different densities can be created by adjusting the percentage
of oil within the disperse phase. At the highest level of oil examined, we were able to
form microspheres with a density equal to that of water. A dilute suspension of these
density matched microspheres did not cream or sediment during storage (one week at

room temperature) nor upon mild centrifugation (150x g for 1 hour).
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